Atomic force microscopy (AFM) is widely used in the biological sciences. Despite 25 years of technical developments, two popular modes of bioAFM, imaging and single molecule force spectroscopy, remain hindered by relatively poor force precision and stability. Recently, we achieved both sub-pN force precision and stability under biologically useful conditions (in liquid at room temperature). Importantly, this sub-pN level of performance is routinely accessible using a commercial cantilever on a commercial instrument. The two critical results are that (i) force precision and stability were limited by the gold coating on the cantilevers, and (ii) smaller yet stiffer cantilevers did not lead to better force precision on time scales longer than 25 ms. These new findings complement our previous work that addressed tip-sample stability. In this review, we detail the methods needed to achieve this sub-pN force stability and demonstrate improvements in force spectroscopy and imaging when using uncoated cantilevers. With this improved cantilever performance, the widespread use of nonspecific biomolecular attachments becomes a limiting factor in high-precision studies. Thus, we conclude by briefly reviewing site-specific covalentimmobilization protocols for linking a biomolecule to the substrate and to the AFM tip.
Introduction
Drift, in position and force, is a long-standing problem that limits the application of atomic force microscopy (AFM) in biology [1, 2] . Poor long-term force stability hinders AFM-based singlemolecule force spectroscopy experiments (SMFS), particularly those occurring over longer (>1 s) time frames. For example, state-of-the-art AFMs can be used to study the equilibrium folding and unfolding of proteins only over a few seconds [3] , rather than the hundreds of seconds achieved with optical traps [4] . In addition, lack of force control hinders AFM imaging -the force set point during long scans often needs to be manually updated [1] . To quantify the scale of this problem, a force precision and stability of 5-10 pN is typical for commercial instruments, with custom instruments achieving 2 pN [3] . A related problem is the extended periods of time, often hours or even overnight [3] , required for the AFM to ''settle'' after loading an AFM tip. Hence, routine and timely subpicoNewton (pN) force precision and stability would accelerate a wide range of AFM-based biophysical assays, particularly if it could be achieved with commercial cantilevers on commercial instruments.
Recently, we found that the cantilever itself is the major source of force drift [5] . To understand this result, we need to review an underlying assumption in how force (F) is measured in AFM (Fig. 1A) . It is assumed that changes in tip deflection (Dz) arise only from changes in the applied force. The force is then determined using F = ÀkDz = Àk(z tip À z 0 ) where k is the cantilever stiffness and z tip the instantaneous deflection of the cantilever. Implicit in this assumption is that the zero-force position of the cantilever (z 0 ) does not depend on time. Contrary to this expectation, a simple test showed that z 0 is not constant, but drifts significantly for a popular class of soft silicon nitride cantilevers (BioLevers, Olympus) [5] . Specifically, the cantilever deflection laser measured an 800-fold higher drift rate when focused onto the cantilever than onto the base of the chip on which the cantilever was mounted (Fig. 1B, inset ). This test unambiguously shows that the cantilever is the primary source of force drift (Fig. 1B) , rather than external opto-mechanical sources (i.e., laser pointing noise). As we will dis-cuss in detail below, the primary cause of this cantilever drift is its gold coating (Fig. 2) .
Gold coatings are added to cantilevers to enhance their reflectivity and are traditionally seen as critical to improving the signal-to-noise ratio in AFM experiments [6] . Coating a cantilever only on its back side leads to a substantial thermally induced force drift because of the bimetallic effect [7, 8] . Hence, many cantilevers, including the ones we studied, are coated on both sides to minimize such temperature-induced drift. Even with cantilevers coated on both sides, drift due to the gold coating has been previously reported [9, 10] . The novel result from our work is not that the gold is associated with drift [7] [8] [9] [10] [11] . Rather, the key insight arises from a pair of results that are contrary to the conventional wisdom in AFM: (i) removing a cantilever's gold coating does not sacrifice the signal-to-noise ratio over relevant bandwidths (0.001-10,000 Hz) and (ii) smaller cantilevers do not always lead to better force precision. These results led to the unexpected insight that uncoated long BioLevers outperform uncoated BioLever Minis on time scales longer than 25 ms.
In this paper, we first discuss the current state of high-precision AFM, focusing on recent work on calmodulin that highlights the need for greater precision and stability in AFM. We then discuss our recent demonstration that removing the gold coating from cantilevers significantly increases the force precision and force stability [5] . We extend this result with related new results on the use of uncoated cantilevers in bio-imaging. With these advancements, the force stability during a typical AFM-based SMFS experiment is now limited by the use of nonspecific biomolecular attachments. We thus conclude by briefly reviewing site-specific covalentimmobilization protocols for linking biomolecules to the substrate and to the AFM tip.
Recent advances in sub-pN force resolution
The rates of folding and unfolding of biomolecules under constant force are sensitive to sub-pN changes in the applied load [12, 13] . Hence, both sub-pN force precision and stability are critical to studying macromolecular folding at equilibrium conditions. As a result, most AFM-based force spectroscopy experiments have focused on non-equilibrium stretching protocols where the molecule under study is stretched at a relatively high rate (50-5000 nm/s). Such fast stretching protocols minimize the effect of positional and mechanical drift. If the whole experiment is over before there is significant drift, then the drift does not affect the results. In contrast, state-of-the-art optical traps can study equilibrium folding and unfolding because sub-pN force precision and stability are readily accessible. Clearly, the range of experiments that could be performed with AFM as well as their experimental precision would be enhanced if AFM could achieve a comparable level of instrumental performance.
Sub-pN force precision in a limited bandwidth has been observed during AFM-based SMFS experiments using lock-in amplification [14] . In this study, a 5-nm oscillation was applied to the tip at 20 Hz. These improvements allowed the folding pathway of an immunoglobulin to be more carefully examined. Overall, lock-in detection improves force precision in a specified bandwidth but can complicate interpretation.
A more general approach is to minimize drift and improve precision of the instrument. For example, the Rief group developed a custom-built, low-drift AFM. The stability of this instrument enabled them to investigate the conformational fluctuations of the calcium-sensing protein calmodulin at the single-molecule level [3] with high force precision ($2 pN) due, in part, to their extraordinarily slow pulling velocity (1 nm/s). At this stretching rate, they observed equilibrium hopping between two folding sub-states over 1-2 s. They went on to show how the kinetics of this hopping depended on the Ca 2+ concentration. This example shows how a unique low-drift AFM facilitated partial reconstruction of calmodulin's folding/unfolding kinetic pathway. Two years later, the same group elucidated the full kinetic pathway for calmodulin folding and unfolding using an ultrastable dual-beam optical trap [4] . The motivation for changing measurement platform was better force stability and precision. The Fig. 1 . Source of force drift in an atomic force microscope (AFM). (A) Schematic of a force spectroscopy experiment. The AFM tip is attached to a molecule and retracted from the surface. Force is determined by the deflection (z tip À z 0 ), as measured on a quadrant photodiode (QPD). (B) With no molecule attached, the zero force position z 0 (gold) of a cantilever (short BioLever) was measured as a function of time 2 h after wetting. A similar record (green) was measured after repositioning the detection laser onto the chip holding the cantilever. These measurements were scaled using the cantilever's sensitivity (S = 0.043 V/nm) and stiffness (k = 37 pN/nm). This comparison demonstrates that the primary source of force drift is the cantilever. PZT: piezoelectric stage. This figure is reprinted from [5] with permission from the American Chemical Society. researchers were now able to achieve 300-s long records of folding and unfolding at a fixed extension (v = 0). These records revealed a complex folding pathway containing six states, including transiently populated folding intermediates. More generally, this paper highlights the ability of optical traps to reveal and quantitatively measure the full energy landscape of a single protein.
Given this success, it is reasonable to question whether AFM should continue to be a popular tool for SMFS. One critical advantage of AFM is that highly stable instruments are commercially available, broadening the range of users. Moreover, AFM is inherently a surface-based technique, allowing for a broader range of systems to be studied than in a dual-beam optical-trap assay. For example, the small surface area of an AFM tip facilitates extracting an individual membrane protein from a lipid bilayer for folding and unfolding studies [15, 16] . Furthermore, AFMs combine force spectroscopy with sub-nanometer resolution imaging [16] . On a more technical level, dual-beam traps require relatively long handles ($300-600 nm), while AFMs can use much shorter constructs (20-40 nm), dramatically decreasing compliance issues. A final advantage is AFM's ability to access higher forces without significant radiation damage. Hence, there is a bright future for AFMbased force spectroscopy if its strengths could be combined with the force precision and stability of state-of-the-art optical traps.
Recently, we showed that removing the gold coating from cantilevers significantly improved the force precision and the force stability of AFM in liquid. Specifically, we achieved a 0.5-pN force precision over a broad bandwidth (0.01-10 Hz) [5] . Importantly, this precision is typical and timely. A majority (60%) of the cantilevers tested showed a 0.54 ± 0.02 pN (N = 15) integrated force noise in just 30 min after mounting. Moreover, the uncoated cantilever with the worst integrated force noise (1.6 pN) outperformed the quietest gold-coated cantilever (2.6 pN), when both cantilevers were allowed to settle for 3 h. This improvement in precision does not require a custom cantilever or a custom AFM. Rather, we achieved this state-of-the-art sensitivity using popular commercial cantilevers (BioLevers) on a commercial AFM (Cypher, Asylum Research). We emphasize that the measured bandwidth covers a 100-s time window, potentially allowing for equilibrium studies similar to what has been achieved in optical traps.
2. Sub-picoNewton force stability and precision for biological applications of AFM
Description of method and analysis
In this section, we first describe the process for removing the gold coating from commercial cantilevers (BioLevers). Next, we detail the acquisition and analysis of several hour-long drift traces. We then conclude by discussing sample preparation for DNAstretching and bacteriorhodopsin-imaging experiments. Much of the following description has been adapted from our recent publication [5] .
Although BioLever cantilevers without gold are not commercially distributed, it is straightforward to chemically remove the gold and chromium coatings. Gold was etched for $30 s in either aqua regia (nitric acid and hydrochloric acid, 1:3 by volume) or in a commercial solution (Transene type TFA) at room temperature. The cantilevers were then rinsed in deionized water, and the chromium was subsequently etched using a commercial chromium etchant (Transene Type 1020) for another $30 s at room temperature. The cantilevers were again rinsed in deionized water and dipped in isopropanol to prevent them from sticking to the chip. Finally, the chips were blotted dry onto filter paper. A detailed protocol is provided in Supplementary material. For studies of MLCT cantilevers (Bruker) that use titanium rather than chromium underneath the gold layer, the titanium was etched using a commercial solution (Transene TFTN) at 75°C for 60 s.
Since removing the gold coating dramatically decreased the sensitivity (V/nm) of the cantilever, we needed to compute performance metrics in the relevant units (nm and pN) rather than raw voltage data. As is standard in AFM, the sensitivity was determined by touching the mica substrate with the cantilever, and the spring constant was determined using the thermal noise method [17] . We then measured z 0 for 3 h. These long records were automatically acquired using an algorithm implemented in Macrobuilder, part of the Asylum Research software (Macrobuilder script available upon request). Specifically, to keep the laser spot in the linear region of the detector, we touched the surface and re-zeroed the quadrant photodiode (QPD) every 5 min. Note that this periodic contact with the surface (i.e., acquisition of a force curve) caused discontinuities in the trace (Fig. 3A ) (see below). All drift experiments were conducted with freshly cleaved mica in buffer (150 mM KCl, 10 mM Tris, pH 7.8). The duration of the experiment was limited by sample evaporation. Temperature of the AFM head was regulated to ±0.2°C using an automated control unit.
To analyze the resulting traces, we developed a simple splicing algorithm to create continuous traces (Fig. 3B ). This algorithm (i) finds the discontinuities by differentiating the trace and looking for peaks, (ii) determines the value of the trace before and after the discontinuity by averaging 20 points on each side of it, (iii) takes the difference between these values, and (iv) shifts the portion of the trace after the discontinuity by this difference. Individual points, used as delimiters, were also removed. In an alternative ''manual'' splicing technique for particularly troublesome traces, the user placed cursors before and after the touchoff event. Then, the data between the cursors was removed, and the trace aligned as with the automatic algorithm.
Removing the gold coating decreased the cantilever's reflectivity, so it was important to determine if this decreased sensitivity led to decreased force precision. To do so, we measured five consecutive 100-s records of z 0 at 50 kHz bandwidth at the end of the aforementioned $3-h record. The built-in software with our commercial AFM normally does not provide for accurate quantification of the positional power spectral density (PSD) over this broad bandwidth (0.01-25,000 Hz), due to high pass filters at $1 kHz. However, these filters can be bypassed using the ''crosspoint panel.'' Force PSDs were then calculated by scaling the positional PSD by the cantilever stiffness. We then integrated the area under the PSD and obtained the integrated force noise curve. As another metric of force noise, Allan variance r was determined using the formula in Eq. (1) [18] :
where s is the time interval, and x i is the mean value of the data over the ith time interval. The Allan variance at a given time interval therefore represents the difference between the means of neighboring sections, averaged over all the sections. We demonstrated the improved force precision of uncoated cantilevers by stretching DNA, a common biophysical assay [19, 20] . For these experiments, the DNA was adsorbed nonspecifically to the surface. Briefly, freshly cleaved mica was first pretreated with 40 mM HEPES (4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid, pH 6.8) and 5 mM NiCl 2 buffer for 1 h, and then incubated with 100 ng/lL of an unlabeled doublestranded (ds) DNA construct (2082 or 5966 base pairs long) for 12-24 h inside a humidity chamber. Force curves were then acquired by pushing the cantilever onto the surface at a contact force of 120-300 pN for 1 s and retracting at 400 nm/s. This protocol is a modification of the protocol provided by Sophia Hohlbauch (Asylum Research) and reference [20] .
Stability during imaging was demonstrated by imaging bacteriorhodopsin (BR). Patches of BR ($2 ng) were deposited onto a freshly cleaved mica surface in adsorption buffer (300 mM KCl, 10 mM Tris, pH 7.8) for 10 min. The mica was subsequently rinsed with imaging buffer (150 mM KCl, 10 mM Tris, pH 7.8). The BR was imaged in contact mode, a technique that can achieve molecular resolution images of membrane proteins [15, 16, 21] .
Uncoated cantilevers drift less
As discussed in the introduction, the gold coating on the cantilever was the dominant cause of long-term drift in the zero force position (z 0 ), even for cantilevers coated on both sides. More quantitatively, gold-coated cantilevers (long BioLever; k % 6 pN/nm; 100-lm long) drifted, on average, 900 nm (rms, N = 10), while uncoated cantilevers drifted by only 70 nm (rms, N = 10) over 3 h [5] .
Hence, removing the gold reduced the drift by more than a factor of 10. We also showed, but did not quantify, similar results for the short BioLever and BioLever Mini (k % 60 pN/nm; 38 lm long). In this present paper, BioLever Mini cantilevers were explored in more depth, since they are commonly used in high-resolution imaging of biomolecules in liquid [22] [23] [24] . Interestingly, these stiffer cantilevers showed a >75-fold decrease in drift when their gold coating was removed ( Fig. 2 ; 1030 vs 13.5 nm rms, N = 3 for each case). Additionally, these gold-coated BioLever Minis exhibit a drift profile that tends to bend downwards, indicative of the tip moving toward the surface. Moreover, even after 3 h, the drift rate was not tending towards zero. This data shows that simply waiting for the experiment to ''settle'' is an inefficient strategy for achieving highprecision results.
Loss in sensitivity does not affect force precision
Traditionally, gold coating of AFM cantilevers is assumed to improve the signal-to-noise ratio by improving reflectivity. In contrast, our recent research shows that there is no sacrifice in positional or force precision for time scales longer than 0.1 ms when using the soft cantilevers (k = 6-100 pN/nm). As expected, uncoated cantilevers are less reflective than coated ones, and that decrease in reflectivity led to reduced optical-lever-arm sensitivity (V/nm), hereafter referred to as sensitivity (Fig. 4A ). However, reflectivity or sensitivity is not the critical performance metric. The key question is: does this reduced sensitivity affect positional precision?
Reduced light incident on the photodetector could lead to reduced positional precision at higher frequencies. We determined the positional precision of long BioLevers as a function of frequency by computing the power spectral density (PSD) of z 0 from five consecutive 100-s long records. These records were taken 3 h after mounting. As expected, the gold-coated cantilevers showed significantly more drift than exhibited by the uncoated cantilevers (Fig. 4B) . A comparison of the PSDs of these positional records revealed two interesting features (Fig. 4C) . First, at lower frequencies, uncoated cantilevers outperformed coated cantilevers over three decades of bandwidth (0.01-10 Hz). Second, at higher frequencies, the positional PSD of the coated and uncoated cantilevers were the same, indicating that reduced reflectivity does not limit positional (or force) precision. The fact that a loss in sensitivity (signal) does not reduce the signal-to-noise ratio implies that the detection system is not the limiting factor, a result that may not generalize to older AFMs with older detection systems.
It also important to point out that these soft cantilevers do not have a resonance when near the surface. Rather, their motion is over damped (Q < 1) with a PSD similar to optical traps. The resulting Lorentzian-shaped PSD is flat up to a characteristic rolloff frequency (f 0 ) and then decreases as 1/f 2 ( Fig. 4C, blue) . The inverse of the rolloff frequency denotes the timescale at which statistically independent data can be collected [25] .
Sub-pN force stability over extended periods
A common metric used in reporting the force precision in AFM is to specify the force spectral sensitivity (pN/ p Hz) at a particular frequency. Another commonly reported metric is the force precision. For AFM, this metric is often calculated by integrating the thermal motion within a narrow bandwidth around the cantilever's fundamental resonant peak. However, the folding and unfolding of biological molecules are sensitive to the total applied force. Thus, force stability over the full duration of the experiment is crucial. Otherwise, the dynamics of the system under study will be different between the start and end of the record. Two different metrics are useful in quantifying force stability: integrated force noise and Allan variance [18] . Both metrics investigate the force noise over a specified bandwidth or period. The integrated-forcenoise analysis starts at a low frequency and calculates the noise over larger bandwidths incorporating higher frequencies (Fig. 4D) . The Allan variance calculates the average force noise between pairs of successive points separated by a specified time (Fig. 5A) . One advantage of this analysis over the integrated noise is that the Allan variance is not weighted by the low-frequency instrumental noise.
Using the integrated-force metric, we found that uncoated cantilevers achieved a sub-pN force stability over a broad bandwidth (Df = 0.01-10 Hz) (Fig. 4D ). This force stability was a $10-fold improvement over that of gold-coated cantilevers. This difference is dominated by the drift in z 0 . So, the magnitude of the difference will depend on the duration of the experiment. We choose a 100-s period to quantify how well AFMs could perform extended studies of protein folding similar to state-of-the-art optical-trapping-based studies [4] .
The Allan variance is useful for asking a different question [26] : to what degree can Brownian motion be averaged to trade off temporal resolution for improved force precision before instrumental noise starts to dominate? At the shortest times, the Allan variance initially increases suggesting worse performance at longer times. This is an artifact due to correlated motion of the cantilever on times scales shorter than 1/f 0 . As such, we have de-emphasized this portion of the record (Fig. 5A, grey dotted line) . The peak in the Allan variance occurs at $1/f 0 . On longer time scales, the Brownian motion is averaged, and the Allan variance decreases. At some point, instrumental noise starts to dominate and averaging over longer periods no longer improves force precision. To investigate this crossover point in AFM, we analyzed three different cantilevers, an uncoated BioLever Mini and both a gold-coated and an uncoated long BioLever. All three cantilevers showed the general trends outlined above.
Which cantilever yields the best force precision? The answer depends on the duration of the experiment. If there is no instrumental noise, then the best force precision would be achieved with shorter cantilevers with a reduced drag coefficient (b). This result is based on the fluctuation-dissipation theorem, which yields a force precision of DF ¼ ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi ffi 4k B TDf b p where k B T is the thermal energy, and Df is the bandwidth of the experiment. For times <0.01 s, the BioLever Mini shows better performance than the long BioLever, which is 2.6-fold longer and therefore has greater drag. However, on time scales longer than 0.01 s, the performance of the BioLever Mini degrades due to instrumental noise associated with cantilever detection. This limitation adds a fixed amount of positional noise so its effect on softer cantilevers is not as pronounced [5] . For experiments lasting 10 s, the uncoated long BioLever has a $7-fold better performance than an uncoated BioLever Mini despite its longer length and $20-fold better performance than a gold-coated long BioLever. To highlight this comparison, we plot these ratios of Allan variance over the full temporal range of the experiment (Fig. 5B) . Interestingly, and somewhat surprisingly, the long BioLever outperformed the BioLever Mini on time scales longer than 25 ms. Thus, smaller cantilevers are not always better. The optimum cantilever depends on the individual experiment, in general, and the duration of the experiment, in particular.
Overall, integrated force and Allan variance analyses both demonstrate that uncoated cantilevers offer superior performance over gold-coated cantilevers for the cantilevers tested. After the gold coating is removed, the cantilever detection system is the most significant source of low-frequency instrumental noise. Our data on two different optical-lever-arm systems -a state-of-the-art commercial AFM and our custom-built ultrastable AFM [2] -showed Ratio of Allan variance of uncoated BioLever Mini (green) and long, gold-coated BioLever (gold) to that of the long, uncoated BioLever. At each frequency, the ratio represents how many times larger the Allan variance is for that cantilever relative to the uncoated long BioLever. At values less than 1, the cantilever in question outperforms the long, uncoated cantilever. We note that, at shorter time scales, there is a region in which the BioLever Mini outperforms the long BioLever by 50%. Yet, the long BioLever outperforms the Biolever Mini by factors of 4-7 on time scales longer than 1 s. Finally, at very shortest times, when the motion of the cantilever is correlated, the Allan variance yields misleading results on force precision and this region of the trace is de-emphasized using a dotted gray line. The gold-coated long BioLever data, which is similar to the uncoated data, is not plotted in this region for clarity.
essentially the same level of instrumental noise in the positional PSD (data not shown). One method to address this low-frequency noise, albeit at added complexity, is to use interferometric detection systems [27, 28] .
Routine and timely sub-pN precision
Often a few selected traces or portions of traces are reported when describing stability. What is needed is both routine and timely access to state-of-the-art force stability. Such routine and timely access would improve the throughput of high-precision AFM-based biophysical measurements. And, it is exactly what removing the gold coating from the cantilevers achieved: a majority (9 out of 15) of the uncoated cantilevers that we tested had an integrated force noise below 1 pN (0.54 ± 0.02 pN) just 30 min after mounting [5] . On average, the uncoated cantilever had an integrated force noise more than 10 times quieter than the coated cantilevers at 3 h (0.8 vs 9.4 pN; N = 10). Moreover, the uncoated cantilever with the worst integrated force noise (1.6 pN) outperformed the quietest gold-coated cantilever (2.6 pN). Perhaps most importantly, this level of performance was achieved on a commercial AFM using a commercial cantilever. Thus, we expect the results presented here to immediately impact a wide range of AFM-based experiments in biophysics and nanotechnology.
Sub-pN precision and stability while stretching DNA
To demonstrate this improved instrumental performance for biophysics, we stretched DNA, a common single-molecule assay [19, 20, 29, 30] . The resulting force-extension curve (Fig. 6A) is very quiet by AFM standards and shows the canonical overstretching transition at $65 pN [31, 32] . Further, we quantified the force precision by stretching a DNA molecule >30 nm from the surface and holding it at a constant extension for $100 s. Analysis from three different cantilevers and DNA molecules shows that the force stability and precision were excellent, as demonstrated by full-bandwidth records smoothed to 10 Hz (effective data rate = 20 pts/s) (Fig. 6B ). As will be discussed below ( §3), the main limitation to achieving this level of performance is the non-specific attachment of the DNA to the tip and surface.
Force stability facilitates imaging
The connection between force stability and data quality in SMFS experiments is immediately clear; however, force stability is also critical for imaging applications. Molecules can change conformation depending on the force [15] , and the imaging conditions can be degraded if the force drifts outside of an acceptable range. Although software-based techniques have been implemented [1] , an AFM operator typically adjusts the force set point manually during imaging. Force drift is a more significant concern for contact mode imaging; AC modes of imaging are less susceptible to force drift.
To demonstrate the utility of uncoated gold cantilevers for imaging with molecular resolution, we imaged bacteriorhodopsin, a model membrane protein that is widely studied by AFM. Images were acquired with the measured force being held constant by varying the position of the base of the cantilever (z PZT ). If z PZT were changed to compensate for vertical mechanical drift, we would expect no change in actual applied force. However, if z PZT were to change to compensate for changes in z 0 , then the applied force to the BR would change. Our ''constant force'' imaging ( Fig. 7A-C) using a gold-coated BioLever Mini demonstrates the problem of force drift in imaging. To maintain images of the BR lattice, we had to adjust the set point substantially during imaging (Fig. 7D ) even though the system had ''settled'' or equilibrated for $5 h. In contrast, when we imaged BR with an uncoated BioLever Mini (Fig. 7E-G) , the set point needed no such substantial change (Fig. 7D, blue) indicating that there was minimal force drift. We note that molecular-resolution images with uncoated cantilevers can be achieved $30 min after mounting. Thus, the lack of force drift when using uncoated cantilevers facilitates taking molecular-resolution images. These improvements in instrumentation are synergistic with software-based force-drift compensation [1] . Together, they could make automated high-resolution AFM imaging more robust.
Minimizing interference artifacts in the AFM deflection signal
Force measurements in AFM originate from voltage measurements from a photodetector. Larger cantilever deflections lead to larger voltage changes. Touching the cantilever off the surface in a standard force-extension curve yields both the sensitivity of the optical lever arm system and a voltage offset associated with z 0 , the zero force position of the cantilever. It is common to assume that this voltage does not depend on height of the tip over the surface. We can make this assumption partly because researchers have made significant progress in reducing artifactual, heightdependent modulations in the deflection signal [33] . These modulations are caused, in part, by unwanted interference between light reflected from the sample surface and light reflected from the cantilever. With a modern commercial AFM, such fringes are absent in 95% of our force-extension records when using uncoated cantilevers on a mica surface (Fig. 8A) . Mica is the most common surface for bioAFM, but gold-coated surfaces are also widely used in nanoscience [34, 35] . Such gold-coated surfaces are reflective and therefore contribute to unwanted fringes when using uncoated cantilevers [ Fig. 8A, grey (x = 0) ]. Interestingly, we found the magnitude of the fringes depended on the laser spot position along the long axis of the cantilever (Fig. 8B) . Moreover, proper placement of the laser spot could essentially eliminate this unwanted effect. We note that the cantilever sensitivity did not change significantly with the laser-spot position in the range presented (Fig. S1) ; the measured stiffness did vary by 1-15%, but without a systematic trend as has been seen in earlier work [36] .
Mechanism of gold-induced drift
In the preceding sections, we have demonstrated how removing gold improves AFM performance, but it is reasonable to ask the question: why does the gold coating cause cantilever drift? The most obvious answer is thermal drift; a residual bi-metallic effect remains despite the cantilever being coated on both sides. If that were the case, one would expect the drift rate to be correlated with temperature. However, we have previously shown that the drift rate does not depend on the temperature of the AFM head [5] , contradicting this hypothesis. It is possible that the head temperature is enough different than that of the tip, several millimeters away, that a thermal effect is still present. A second possibility is that the optical-lever-arm laser affects the gold coating, causing it to crack or deform. However, we did not find that the drift rate depends on the laser power [5] , so we do not believe the laser light is the primary cause. Another possibility is stress caused by the bending of the cantilevers upon wetting (Fig. 9A) . These soft, 170-nm thick cantilevers typically fold completely flat against the chip due to the meniscus force. Damage from this process can be seen in a cantilever after it was unfolded using an alcohol dip (Fig. 9B) . We speculate that this damage is different for a gold-coated than an uncoated cantilever and therefore causes gold-coated cantilevers to drift more. Finally, it has been shown that the viscoelasticity of gold causes noise at frequencies >1 Hz in air [10] . It is likely that this effect is also present in our data in fluid. This raises the interesting possibility that less viscoelastic metals might reduce the drift while remaining reflective. Whatever the mechanism(s) of gold-induced drift, the key result is that the gold coating can be removed without reducing the signal-to-noise ratio.
An interesting additional question is: do cantilevers that have been gold-coated on both sides drift less than cantilevers coated only on one side? To explore this question, we studied another soft cantilever commonly used in SMFS, the MLCT (k = 10 pN/nm; Bruker) [37] [38] [39] [40] . This cantilever is coated only on one side and has a stiffness comparable to the long BioLever. The gold-coated MLCTs had approximately the same positional drift over 3 h as the long BioLevers [980 nm (N = 3) vs 900 nm (N = 10)]. This comparison suggests that temperature instability of the AFM head is not the primary cause of gold-induced drift, since the MLCT is coated only on one side, whereas the long BioLever is coated on both sides. We also confirmed that removing the gold on MLCT led to a reduced force drift. However, this reduction was not as large as that seen in the BioLevers (Fig. S2 ) and led to an average integrated force noise of 2.9 pN (Df = 0.01-10 Hz; N = 3).
Under ideal conditions, one might expect cantilevers that have never been coated to perform better, since standard etching procedures are expected to leave a monolayer or two of the residual metal on top of the silicon nitride [41] . We note that MLCT-UC, described as uncoated in the product literature, have previously been coated with gold and titanium and have had these coatings removed. We suggest that users confirm that all metal has been removed both by visual inspection and an accompanying reduction in the reflected light off of the cantilever. More generally, we hope that the results presented here on the detrimental effects of gold coating of AFM cantilevers motivates the commercial distribution of cantilevers that have never been coated in gold.
Stability of biomolecular attachment
Is the force stability in our DNA records limited by the instrumental performance? At the moment, this is not the case for a majority of our records. The main limitation in our DNA pulling assay is the non-specific attachment technique used to couple the DNA to both the tip and the surface. A common feature in assays based on non-specific attachment is records containing drops in F (Fig. 10A, red) consistent with changes in the attachment pattern of the DNA to the tip and the surface (Fig. 10B) . Such records are distinct from canonical DNA stretching curves (Fig. 10A, blue) and, therefore, records of this class are often excluded from analysis using objective criteria [16, 42] . Nonetheless, this physical adsorption (or physisorption) [10, 43] leads to two well-known issues that hinder precise AFM-based SMFS studies [3, [44] [45] [46] : (i) the site of the biomolecular attachment to the tip and the surface is not known, and (ii) the strength of these attachments is variable. The first issue complicates analysis because nominally identical molecules, such as the DNA shown in Fig. 10A , show different contour lengths. The latter issue of unpredictable bond strength limits long-duration records, precluding, for instance, studying protein folding over extended periods. The solution to these interrelated problems is a protocol that enables site-specific covalent attachment of the biomolecule to the substrate and to the AFM tip. Fortunately, there has been significant effort in the last decade to address exactly this issue, including a number of papers and reviews [47] [48] [49] [50] . In this section, we discuss a few recent advances of covalent anchoring that have relevance for AFM-based SMFS.
Site-specific labeling generally requires heterobifunctional crosslinkers. Such a bifunctional crosslinker provides one chemical mechanism to attach to the protein and another to anchor to glass, mica, or oxidized silicon (which is chemically similar to glass). Often these cross linkers are small molecules ( §3.1) but increasingly protein-based cross-linkers ( §3.2) are being used. A key advantage of protein-based crosslinkers is that they are genetically encoded into proteins, similar to green fluorescent proteins. However, in SFMS studies, these protein-based tags will also unfold, introducing additional folding events that could be conflated with events due to the system under study. Thus, there is no single best coupling protocol for all common biomolecules. Rather, users will need to balance advantages and disadvantages of each type of approach. Finally, we note that, in conjunction with attaching molecules to surfaces by a specific mechanism, one also has to eliminate physisorption of biomolecules to surfaces. Such suppression of non-specific sticking is typically achieved in single-molecule assays by coating the surface with poly(ethylene glycol) (PEG) [51] .
Small molecule based coupling
To date, thiol-maleimide chemistry is one of the most commonly used conjugation techniques for anchoring biomolecules to surfaces [52] . The protein under study needs to contain sulfhydryl (free thiol) groups, which means that it should have one solvent-exposed cysteine for the anchoring to be site specific. To achieve such selectivity, it is not uncommon to make ''cys-lite'' proteins where all but one of the solvent exposed cysteines has been mutated away [53] . The power of this chemistry is that it is selective, precise, and stable. Typically, these cysteines are used to anchor proteins to gold-coated surfaces using a gold-thiol bond. Yet, for precision SMFS, we want to avoid such gold-based coupling. Hence the use of a thiol-maleimide bond allows for bioconjugation to silanized glass, mica, and silicon-nitride surfaces. Thiol-based anchoring chemistry extends beyond proteins to nucleic acids. Commercial solid-state synthesis of DNA and RNA makes the introduction of a terminal thiol group easy and inexpensive. As a result, AFM-based SMFS on non-gold surfaces have been used for a wide variety of molecules, including DNA [29, 30] , RNA [54] , and recombinant proteins [46] . Moreover, Zimmerman et al., provides a detailed protocol for anchoring molecules to silanized surfaces, including uncoated silicon-nitride cantilevers [50] . The heterobifunctionality is provided by a poly(ethylene glycol) (PEG) crosslinker with an N-hydroxy succinimide (NHS) group on one end and a maleimide group on the other. The NHS group reacts with aminosilane-functionalized glass [3-aminopropyldimethylethoxysilane(APDMES)]. Low nonspecific binding and a large number of reactive sites for biomolecule coupling have been achieved using this protocol.
Another promising small-molecule immobilization approach that is compatible with thiol-containing biological samples uses silatrane chemistry [49] . Lyubchenko and colleagues developed this chemistry to minimize the problem of non-specific adhesion at small distances, which is common with short linkers. Short linkers have a number of desirable benefits [55] , but non-specific adhesion between the tip and the surface can mask the system under study. These researchers developed a nanoscale tetrahedralshaped tripodal silatrane (T-silatrane) as a linker. T-silatrane consists of four arms, three of which enable immobilization of the construct on the surface, while its fourth arm, with a maleimide group, allows for covalent coupling with the cysteine of the peptide [38, 56] . They simplified the process by developing a one-step surface-preparation protocol, instead of the more common two-step protocol (silanization of the glass and then coupling a derivatized PEG to the functionalized glass). This chemistry has been used in dynamic force spectroscopy experiments of alpha-synuclein aggregation [38, 56] , though it is not yet commercially available.
These coupling protocols have shown real advantages in molecular recognition force spectroscopy, a class of experiments in which one molecule is coupled to a surface and a second molecule to the tip. In this situation, the same thiol-based coupling chemistry can be used for each surface (tip and substrate). A more general need is to couple a single molecule between the tip and the surface. This general class of experiments requires a second orthogonal coupling chemistry. One excellent candidate to provide a fast and highly efficient reaction is click chemistry, a coupling between an azide and an alkyne [57] . Click chemistry is now being used in optical-trapping [58] and single-molecule fluorescence [59] assays. Thus, we expect that recent advances in protein labeling for related single-molecule assays can be leveraged to aid AFM-based experiments.
Protein-based tags
The primary advantage of protein-based tags, over small molecule crosslinkers, is that they can be genetically encoded. There are two general types of protein tags: small peptides and protein domains. Small peptides may anchor the protein either directly to a surface or bind to a partner protein. For instance, a small tag has been fused to RecBCD, a helicase, to create a genetically encoded biotin tag [60] . Biotin forms a strong non-covalent bond with streptavidin. The biotin-streptavidin bond is widely used in optical-trapping studies [25] , and supports a force of $25 pN for hundreds of seconds, sufficient for equilibrium studies of protein [4, 61] and riboswitch [62] folding. More recently, proteins with a small added peptide tag were efficiently converted to contain an aldehyde group [63] . The aldehyde can then react with a hydrazide-labeled reagent with near 100% efficiency [63] . Finally, small peptides can be used to site specifically anchor the target protein to surfaces through a very strong bond to a protein. A recent example is the SpyCatcher:SpyTag system that forms a covalent amide bond. The mean rupture force of this bond is 20 times greater than that of a streptavidin-biotin bond [64] .
Instead of fusing a small peptide with the target protein, anchoring can also be achieved by fusing the protein of interest to another protein domain. These domains can then be used to anchor to a small ligand that is covalently attached to a PEG-coated surface. Two systems that have shown success in AFM are the SNAP and HALO tags [44, 65] . HALO tags are reported to have less nonspecific protein-substrate and tip-substrate interactions [65] . Reduced non-specific interactions should facilitate visualizing unfolding events occurring close to the surface. Additionally, optical-trapping studies applied $10 pN over 100 s of seconds using a HALO tag [66] , suggesting that its structure may be stable enough to allow for equilibrium investigation of the folding and unfolding of some proteins without the HALO tag unfolding. Overall, the power of these protein-based anchoring techniques is that they provide orthogonal chemistries to cysteine-based anchoring.
Conclusion and outlook
Almost three decades since the invention of the AFM, technical improvements are still expanding the range of biological systems and assays that AFM can study. The most notable improvement is scan speed with the advent of video rate imaging [67] . On the other end of the speed spectrum are precision studies of the equilibrium folding and unfolding of proteins. To facilitate this research, our group has focused on improving the stability and Because the molecule is non-specifically adsorbed, it can be attached to the surface at multiple points. At first, one attachment point is bearing the force, but it lets go, and the molecule is then being pulled from a second attachment point, changing the effective contour length of the molecule. precision of AFM [2, 5] . Initially, we focused on tip-sample stability, developing an optically stabilized AFM with a residual drift rate of 0.005 mn/min at ambient conditions [2] . Yet, for force spectroscopy applications, tip-sample stability was only half of the problem: force drift also occurred. Routine and timely access to subpN force resolution and stability was achieved by the simple removal of gold from a popular class of cantilevers [5] . The first key insight was that gold coating was not needed to make precise force measurements over the relevant bandwidths. Thus, removing the gold coating led to significantly enhanced force stability without any loss in force precision. This simple procedure only takes a $1 min chemical etch and does not require custom cantilevers or a custom AFM. The second key result was that instrumental drift in the cantilever detection system degrades the performance of BioLever Mini on surprisingly short time scales (>0.01 s). This result led to uncoated long BioLevers outperforming uncoated BioLever Minis on time scales longer than 25 ms. Thus, smaller cantilevers do not always give lower force noise; the duration of the experiments is an important parameter to consider. We anticipate that these results can be applied to a wide range of AFM-based assays for biomolecular imaging and biophysics. Combining sub-pN AFM force spectroscopy with recently reported covalent, site-specific biomolecular immobilization techniques will pave the way to precise investigation of dynamical processes over hundreds to thousands of seconds, a new regime for AFM-based studies.
